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Specimens from natural history collections (NHCs) are increasingly being used for genetic studies and can 
provide information on extinct populations, facilitate comparisons of historical and contemporary populations, 
produce baseline data before environmental changes, and elucidate patterns of change. Destructive sampling for 
DNA may be in disagreement with NHC goals of long-term care and maintenance. Differentiating quality among 
sample sources can direct destructive sampling to the source predicted to yield the highest quality DNA and most 
reliable data, potentially reducing damage to specimens, laboratory costs, and genotyping errors. We used the kit 
fox (Vulpes macrotis) as a model species and evaluated the quality and reliability of genetic data obtained from 
carnivoran specimens via three different sample sources: cranial bones, nasal bones, and toepads. We quantified 
variation in microsatellite amplification success and genotyping error rates and assessed the reliability of source-
specific genic data. Toepads had the highest amplification success rates and lowest genotyping error rates. Shorter 
loci had higher amplification success and lower allelic dropout rates than longer loci. There were substantial 
differences in the reliability of resulting multilocus genotypes. Toepads produced the most reliable data, required 
the fewest replicates, and therefore, had the lowest costs to achieve reliable data. Our results demonstrate that 
the quality of DNA obtained from specimens varies by sample source and can inform NHCs when evaluating 
requests for destructive sampling. Our results suggest that prior to large-scale specimen sampling, researchers 
should conduct pilot studies to differentiate among source-specific data reliability, identify high performing loci, 
reduce costs of analyses, and minimize destructive sampling.
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Natural history collections (NHCs) provide an extensive and ret-
rospective resource for researchers (e.g., Wandeler et al. 2007; 
Lister et  al. 2011; Holmes et  al. 2016; McLean et  al. 2016). 
NHCs offer ecologists an opportunity to investigate populations 
and biodiversity through time and examine changes following 
accelerated anthropogenic disturbances (e.g., habitat loss and 
modification, climate change, invasive species—Shaffer et al. 
1998; Gardner et al. 2014). With the advancement of molecular 
techniques, NHCs are increasingly being used to investigate 
macroevolutionary and microevolutionary (e.g., changes in ge-
netic diversity) processes (Austin and Melville 2006; Wandeler 
et al. 2007; Holmes et al. 2016). This is especially relevant for 
imperiled species as conservation geneticists can use NHCs 
to evaluate the genetic and demographic consequences of 

declining population size by comparing historical and contem-
porary samples (Wisely et  al. 2002; Miller and Waits 2003; 
Culver et al. 2008; Lonsinger et al. 2018a).

Requesting genetic material from NHCs requires sampling 
of a finite resource, a process that is restricted and requires 
careful consideration (Wandeler et  al. 2007; Holmes et  al. 
2016). For historical carnivoran specimens, common sources 
of genetic samples have included skin tissues, dried muscles, 
soft tissues remaining on skeletal specimens, toepads, claws, 
bones, and teeth (e.g., Wisely et  al. 2004; Schwartz et  al. 
2007; Casas-Marce et al. 2010; Holbrook et al. 2012; Jordan 
et  al. 2012; Jansson et  al. 2014; McDonough et  al. 2018). 
Similar to noninvasive genetic samples (i.e., DNA collected 
from the environment such as from feces or hair), DNA from 
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historical specimens is often degraded (Wandeler et al. 2007). 
Consequently, destructive sampling does not guarantee acqui-
sition of usable or reliable DNA, and researchers should select 
the sample source(s) predicted to yield the highest quality DNA 
and that minimizes destruction to the specimen (Casas-Marce 
et al. 2010).

The quality of DNA from historical specimens is generally 
diminished, as cellular repair processes that counteract DNA 
degradation in living cells cease at death. Natural processes 
driving DNA degradation in historical (and ancient) DNA in-
clude nucleases, damage by microorganisms (e.g., bacteria), 
oxidative and hydrolytic lesions, and other chemical processes 
(reviewed in detail by Pääbo et  al. 2004). These processes 
fragment DNA, reducing the size of sequences available for 
amplification. Beyond natural DNA degradation, specimen 
preparation techniques such as tanning, formalin, and bleaching 
may further fragment DNA (Wandeler et al. 2007). Thus, dif-
ferences in preservation techniques within and among sample 
sources (e.g., bones, skins) may drive variation in DNA quality, 
even for specimens that are the same age (Pääbo et al. 2004).

The low quality of DNA in historical samples can negatively 
influence polymerase chain reaction (PCR) amplification suc-
cess and may increase the probability of genotyping errors 
(i.e., allelic dropout and false alleles—Wandeler et al. 2007). 
Allelic dropout (i.e., the failure to detect one allele in a heter-
ozygote genotype during a successful PCR amplification) can 
result from low quantities of DNA, whereas false alleles (i.e., 
an allele identified during a PCR amplification that is not a true 
allele in the respective genotype) tend to be PCR-generated 
artifacts from polymerase slippage during PCR (Broquet and 
Petit 2004; Wandeler et al. 2007). Heterogeneity in DNA degra-
dation processes, preparation techniques, and preservation con-
ditions among different sample sources are expected to drive 
variation in DNA quality and the resulting PCR success and 
genotyping error rates (Greenwood et al. 1999).

Accordingly, studies using microsatellite loci have investi-
gated DNA degradation among sample sources for historical 
carnivoran specimens by evaluating variation in amplification 
success rates and, to a lesser extent, genotyping error rates. 
Conflicting results have been reported across taxa. For ex-
ample, bone samples produced higher DNA amplification 
success rates than skin samples for specimens of arctic fox 
(Vulpes lagopus—Nyström et al. 2006) and black-footed ferret 
(Mustela nigripes—Wisely et  al. 2004). In contrast, tissues 
from footpads had higher amplification success rates than bone 
samples for Eurasian lynx (Lynx lynx—Polanc et al. 2012). No 
difference was observed in genotyping error rates for bone and 
skin samples of black-footed ferret specimens (Wisely et  al. 
2004), while footpad samples produced lower error rates than 
bone samples for Eurasian lynx (Polanc et al. 2012).

Low amplification success can limit usefulness of sam-
ples and error-prone samples (i.e., samples amplifying with 
the presence of genotyping errors) may be particularly prob-
lematic if they produce results with questionable reliability. 
Genotyping errors can bias the results of analyses (e.g., genetic 
diversity, population genetic structure, effective population 

size, parentage) if erroneous multilocus genotypes are assigned 
to individuals (Miller et  al. 2002; Wandeler et  al. 2007). For 
example, allelic dropout has been suggested as a potential 
cause of heterozygote deficiency observed for a microsatellite 
locus used to study historical arctic fox specimens (Nyström 
et al. 2006). In noninvasive genetic sampling studies, it has be-
come common practice to quantify the reliability of genetic 
data, particularly for multilocus genotypes observed in only a 
single sample (e.g., Kitchen et al. 2006; Stenglein et al. 2010; 
Lonsinger et al. 2018b). Though not as common, researchers 
have begun to incorporate reliability metrics into studies 
employing historical specimens (e.g., Polanc et  al. 2012). In 
addition to influencing data reliability, error-prone samples 
may require a greater number of replicates to resolve genotypic 
differences observed among individual replicates, potentially 
increasing laboratory costs (Pompanon et al. 2005; Lonsinger 
et al. 2015).

We used the kit fox (Vulpes macrotis) as a model carnivoran 
species and evaluated the quality of data from nuclear DNA 
(nDNA) microsatellite loci extracted from historical specimens 
to identify the optimal DNA source and assess multilocus geno-
type reliability. We quantified variation in nDNA amplification 
success rates and genotyping error rates among three sample 
sources: cranial bones, nasal bones, and toepads. Additionally, 
we used two metrics to compare the relative reliability of geno-
types derived from each sample source: mean reliability across 
samples and mean proportion of deviations among loci (be-
tween the source-specific and specimen-level consensus geno-
types). It has been suggested that bone may tend to preserve 
DNA better than soft tissues (Greenwood et  al. 1999). Thus, 
we predicted that bone samples would have higher amplifica-
tion success rates, lower genotyping error rates, and higher data 
reliability than toepads (Casas-Marce et  al. 2010). Based on 
the processes degrading DNA in historical specimens, we pre-
dicted that amplification success would be negatively related 
to sample age (Wandeler et  al. 2003, 2007) and locus length 
(Wandeler et  al. 2003; Buchan et  al. 2005, Lonsinger et  al. 
2015). With respect to genotyping errors, we predicted that 
allelic dropout would be positively related to sample age and 
locus length, and that false alleles would be positively related 
to sample age (Wandeler et al. 2003). Based on the processes 
generating false alleles (Broquet and Petit 2004; Wandeler et al. 
2007) and previous research (Wandeler et al 2003), we did not 
expect locus length to influence the rate of false alleles in his-
torical samples.

Materials and Methods
Sample Collection and Laboratory Methods

Museum sampling.—We collected biological samples from 
historical kit fox specimens (i.e., individual kit foxes) main-
tained by the Natural History Museum of Utah (UMNH). Kit 
fox specimens were originally collected between 1936 and 
1970 in the Great Basin Desert (although five specimens did 
not have information on the date of collection; Supplementary 
Data SD1). We collected samples from each specimen from up 
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to two different specimen parts (i.e., skulls, skins, or both) and 
three different sample sources when possible (i.e., two from 
the skull and one from the skin; Fig. 1, Supplementary Data 
SD1). From skulls, we sampled 1) maxilloturbinates (hereafter 
nasal bones; sensu Wisely et  al. 2004), and 2)  inner cranial 
cavity bones (i.e., tentorium and internal occipital protuber-
ance; hereafter cranial bones; sensu Miller and Waits 2003). 
We carefully dislodged nasal and cranial bone samples with 
sterilized tweezers or forceps. From skins, we removed a por-
tion of the toepads with a sterile razor blade. We collected each 
sample onto sterile foil prior to weighing and transferring to a 
coin envelope. All samples were stored in a sealed plastic bag 
with silica desiccant until extraction. All sampling and proced-
ures were approved by the Natural History Museum of Utah 
and collection techniques attempted to minimize damage to 
specimens.

DNA extraction and PCR amplification.—To minimize the 
possibility of contamination, we extracted DNA and set up 
PCR reactions for historical samples in an isolated clean lab-
oratory that had not previously been used to store or process 
high-quality (e.g., blood, tissue) or contemporary (e.g., scats) 
sources of vertebrate DNA (Greenwood et  al. 1999; Wisely 
et al. 2004; Lonsinger et al. 2018a). To compare PCR success 
rates and genotyping error rates (i.e., allelic dropout and false 

alleles) across sample sources, we attempted to standardize 
the amount of material extracted from each sample. We ex-
tracted DNA from ~ 0.06 g of each sample (see Results); when 
< 0.06 g was available, we used the entire sample. We ground 
cranial and nasal bone samples into a powder using liquid ni-
trogen and a sterilized mortar and pestle. For toepads, we used 
a sterile razor blade to cut each toepad to the smallest pieces 
possible. We then extracted DNA from each sample using the 
“silica” method (Boom et al. 1990; Höss and Pääbo 1993) to a 
final elution of 180 µL; negative controls were included with 
each extraction event to monitor for contamination.

We amplified all historical samples with a multiplex of nine 
nDNA microsatellite loci (Ostrander et al. 1993, 1995; Fredholm 
and Wintero 1995; Holmes et al. 1995; Francisco et al. 1996; 
Cullingham et al. 2006; Table 1), which have been used to char-
acterize the genetic diversity of historical and contemporary kit 
fox populations (Lonsinger et  al. 2018a). The PCR fragment 
length for each microsatellite locus ranged in size from 70 to 251 
base pairs (bp; Table 1). In addition to the microsatellite loci, 
two sex identification primers developed for red fox (V. vulpes; 
Berry et al. 2007) were included in the multiplex as part of a 
concurrent study that used the same samples (Lonsinger et al. 
2018a). The X-linked CF-hprt primer (Forward: 5′–AGT CAA 
CGG GGG ACA TAA AAG–3′; Reverse: 5′–ACC ATT TTT 
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Fig. 1.—Diagram illustrating the workflow used to evaluate the reliability of genetic data derived from three sources (cranial bones, nasal bones, 
and toepads) from 76 historical kit fox (Vulpes macrotis) specimens originally collected between 1936 and 1970 in the Great Basin Desert of Utah 
(United States), maintained by the Natural History Museum of Utah (UMNH), and sampled for DNA in 2013 (see Table 1). For each specimen 
(i.e., individual kit fox), multiple independent amplifications across all available sample sources were combined to establish a specimen-level 
consensus genotype. For each available sample source, a source-specific consensus genotype was derived from the best three replicates from 
that source. The best replicates were defined as those with the highest amplification success rates (i.e., number of successful amplifications/total 
number attempted). Mean reliability across replicates and the proportion of replicates with a reliability ≥ 95% were estimated with the program 
RELIOTYPE (Miller et al. 2002). Source-specific consensus genotypes were compared to the specimen-level consensus genotype to calculate the 
mean proportion of deviations among loci.
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GGA TTA TAC TGC–3′) produced a 148 bp product, whereas 
the VV-sry primer (Forward: 5′–GAA TCC CCA AAT GCA 
AAA CTC G–3′; Reverse: 5′–CCA TTT TTC GGC TTC TGT 
AAG C–3′) linked to testis development in foxes produced a 
75 bp product. The PCR conditions for each primer pair in the 
multiplex and the thermal profile followed methods detailed in 
Lonsinger et al. (2018a). We set up PCRs in the same facility 
that was used for extraction of historical samples to minimize 
the risk of contamination. We added DNA from a contempo-
rary kit fox scat sample that had previously amplified across 
loci (Lonsinger et al. 2015) as a positive control. Each positive 
control was added to the PCR plate in a separate clean lab used 
to extract noninvasive genetic samples by uncapping only the 
PCR positive well. All PCR procedures were conducted on a 
BioRad Tetrad thermocycler (Bio-Rad, Hercules, California) 
with negative and positive controls to monitor contamination 
and amplification success, respectively. We used a 3130xl DNA 
Analyzer (Applied Biosystems, Foster City, California) and 
Genemapper 3.7 (Applied Biosystems) to visualize results and 
score allele sizes, respectively.

Data Analysis

PCR amplification success and genotyping error rates.—We 
employed a multi-tubes approach to generate multilocus geno-
types, assess DNA quality, and limit genotyping error rates 
(Taberlet et al. 1996). The multi-tubes approach is commonly 
used when working with degraded DNA and is one of the 
most accepted methods for quantifying DNA quality and lim-
iting genotyping errors (Zhan et al. 2010). The multi-tubes ap-
proach employs multiple PCR amplifications (i.e., replicates) 
from each DNA extract (Taberlet et al. 1996; Pompanon et al. 
2005; Fig. 1); comparisons of multilocus genotypes across rep-
licates are then used to establish consensus genotypes (i.e., the 
best approximation of the true multilocus genotype) and quan-
tify genotyping error rates. For each specimen, we performed 
three replicates per available sample source (i.e., cranial bones, 
nasal bones, or toepads; Fig. 1). We determined a specimen-
level consensus genotype at each locus by combining replicates 
for each specimen across sample sources (Taberlet et al. 1996; 

Pompanon et al. 2005), and requiring that heterozygous and ho-
mozygous alleles be observed at least two and three times, re-
spectively (Broquet and Petit 2004; Lonsinger and Waits 2015). 
After running the initial three replicates per sample source, we 
increased the number of replicates until we achieved specimen-
level consensus genotypes (Fig. 1) across at least seven loci 
for the specimen, or until we reached a maximum of six repli-
cates for each available sample source with successful amplifi-
cations. Additional replicates beyond the initial three replicates 
per sample source were randomly selected among available 
sample sources (excluding sample sources that failed to pro-
duce a positive amplification over the initial three replicates). 
The specimen-level consensus genotype was used as the best 
approximation of the specimen’s true multilocus genotype (Fig. 
1).

We quantified DNA quality based on measures of ampli-
fication success and genotyping errors across replicates. We 
calculated PCR amplification success rates as the number of 
successful amplifications/total number attempted, where the 
total number attempted was the number of replicates performed 
multiplied by the number of microsatellite loci (i.e., nine). We 
calculated PCR sample-level success rates as the proportion of 
replicates that amplified at ≥ 50% of the microsatellite loci. We 
calculated PCR amplification and sample-level success rates 
by sample sources and overall (i.e., combined across sample 
sources). To estimate genotyping error rates, we compared each 
replicate to its respective specimen-level consensus genotype 
and classified the observation of an allele not present in the 
specimen-level consensus genotype as a false allele, and the 
amplification of only one allele in a heterozygous specimen-
level consensus genotype as allelic dropout (Broquet and Petit 
2004; Lonsinger and Waits 2015). We did not detect any evi-
dence of contamination (see “Results”) and therefore all PCR 
replicates were included in the PCR success and genotyping 
error rate calculations. We compared replicates to establish 
specimen-level consensus genotypes and calculated amplifica-
tion success and genotyping error rates with the R program-
ming language using ConGenR (Lonsinger and Waits 2015; R 
Core Team 2018).

Table 1.—The repeat motif (Repeat), range of allele sizes (Length) in base pairs (bp), number of alleles (N
A
), allelic richness (A

r
), observed (H

O
) 

and unbiased expected heterozygosity (H
E
), and amplification (PCR) success and genotyping error (i.e., allelic dropout [ADO] and false alleles 

[FA]) rates for nine microsatellite loci amplified for 76 historical kit fox (Vulpes macrotis) specimens originally collected between 1936 and 1970 
in the Great Basin Desert of Utah (United States), maintained by the Natural History Museum of Utah (UMNH), and sampled for DNA in 2013. 
PCR success was the number of successful amplifications/total number attempted across replicates. ADO represented the proportion of replicates 
in which only one allele in a heterozygous genotype amplified, whereas FA represented the proportion of replicates in which an allele amplified 
that was not present in the consensus genotype.

Locus Repeat Length (bp) N
A

A
r

H
O

H
E

PCR ADO FA

CXX103 (TG)17 70–86 6 5.3 0.58 0.57 91.7% 5.9% 3.7%
FH2088 (TTTA)10(TTCA)4 117–149 8 7.9 0.69 0.68 86.6% 9.5% 1.7%
CXX250 (AC)18A2(TC)4 135–145 6 6.0 0.44 0.46 32.9% 14.6% 3.1%
FH2001 (GATA)8 145–161 6 5.3 0.54 0.49 84.7% 9.1% 0.8%
CPH3 (GA)2TA(GA)17 154–160 4 3.5 0.39 0.42 78.8% 6.7% 0.9%
FH2054 (GATA)16 163–187 7 6.5 0.66 0.70 76.9% 10.6% 1.8%
CXX377 (AC)12 175–195 12 11.4 0.71 0.82 80.5% 12.0% 0.9%
FH2010 (ATGA)10 216–232 5 4.7 0.75 0.72 75.3% 7.6% 1.0%
VVE-M19 (TTTC)25 214–251 9 8.6 0.73 0.73 75.7% 6.8% 0.5%
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Genetic diversity.—We calculated number of alleles, ob-
served heterozygosity (H

O
), and Nei’s unbiased expected heter-

ozygosity (H
E
) across each of the nine microsatellite loci with 

GenAlEx 6.5 (Peakall and Smouse 2006), and allelic richness 
with FStat 2.9.3.2 (Goudet 1995). For each locus, we quantified 
locus-specific rates of PCR success, false alleles, and allelic 
dropout across all sample sources as before with ConGenR 
(Lonsinger and Waits 2015; R Core Team 2018).

Mixed-effects logistic regression.—We used mixed effects 
logistic regression analyses to evaluate the impact of locus 
length, sample weight, sample age, and sample source on each 
of PCR success, allelic dropout, and false alleles. We evalu-
ated PCR success, allelic dropout, and false alleles as binary re-
sponse variables with mixed-effect logistic regression models. 
For models of PCR amplification success, a successful ampli-
fication was coded as a one, whereas a failure to amplify was 
coded as a zero. For models of each form of genotyping error 
(i.e., allelic dropout or false allele), the presence of an error 
was coded as a one, whereas the lack of an error (for a sample 
with a successful amplification) was coded as zero. In an ef-
fort to account for a possible influence of sample source on 
the proportion of cells available in the sample weight, we also 
attempted to examine the interaction effect between sample 
weight and sample source. The mixed model was needed to 
account for the random effect of specimen. Independent vari-
ables not significant at α = 0.05 were removed from the model. 
Prior to model evaluation, multicollinearities were investigated 
using generalized variance inflation factors (GVIFs—Fox and 
Monette 1992). A variance inflation factor (VIF) is a metric that 
indicates how much the variance of an independent variable’s 
coefficient estimate will be inflated as a consequence of having 
the other independent variables in the model. A VIF will gen-
erally be larger when there is greater overlap in information 
contained in that variable and the information contained in 
the other independent variables (i.e., when there is a greater 
multicollinearity). Furthermore, if independent variables in-
volved in a strong multicollinearity are included in a model to-
gether, P-values will often be inflated and coefficient estimates 
can vary substantially, including changing sign. VIFs are gen-
erally useful for assessing strictly numeric independent vari-
ables, whereas GVIFs are an extension to both numeric and 
categorical variables. While GVIFs were quite low (< 1.3) for 
all independent variables (i.e., locus length, sample age, sample 
weight, and sample sources), low GVIFs are not necessarily 
indicative that there are no problems due to multicollinearity. 
Because of this, we additionally tested each independent var-
iable alone in the model, and also tested the addition of previ-
ously removed variables back into a model again later to help 
ensure that multicollinearities were not contributing to their 
initial removal. This process indicated that sample source and 
specimen weight were highly significant in modeling PCR suc-
cess when each was in the model by itself (P < 0.0001), but 
specimen weight was far from being significant (P  =  0.65) 
when both variables were included, suggesting that these two 
variables were collinear. Examining an interactively rotatable, 
three-dimensional plot (with jittering of points) of specimen 

weight (referred to as specimen amount in Supplementary Data 
SD2) against the two dummy variables used to represent sample 
source, we saw that there were very few low values of specimen 
weight for the sample source of nasal bone (this was more dif-
ficult to properly visualize in two-dimensional plots). Hence, a 
collinearity existed in our data between specimen weight and 
one of the dummy variables used to represent sample source. 
The implication is that we were unable to reliably include both 
variables in the model together. This also made it impossible to 
investigate an interaction effect between specimen weight and 
sample source.

After final models were attained for each of the three response 
variables (i.e., probabilities of PCR success, false alleles, and 
allelic dropout), a log-odds estimating function was obtained, 
and from that a function estimating the probability of success 
(π̂) was obtained. Sample age had 306 missing values (from the 
five specimens; Supplementary Data SD1), representing 5.9% 
of the data. These observations were removed from analyses 
when sample age was considered, but ultimately this variable 
was not significant in any of the final models and, hence, the en-
tire data set was used for all the final models. All mixed-effects 
logistic regression analyses were conducted using program R 
(R Core Team 2018).

Reliability.—To evaluate the relative quality of sample 
sources, we compared the specimen-level consensus genotype 
to source-specific consensus genotypes determined based on the 
best three replicates for each source-specific sample, following 
Hedmark and Ellegren (2005) (Fig. 1). We identified the best 
replicates as those replicates that had the highest amplification 
success rates across loci (i.e., the highest number of successful 
amplifications/total number attempted). Based on this definition, 
we had at least three replicates for each sample source available 
across all specimens. While considering the best replicates may 
provide an optimistic estimation, it reduces the potential of in-
cluding replicates that failed due to stochastic processes (e.g., 
pipetting errors) and because it was consistent across sample 
sources, should still provide a measure of relative performance. 
For each available sample source within each specimen, we used 
ConGenR to determine a source-specific consensus genotype by 
combining the best three replicates, and requiring that heterozy-
gous and homozygous alleles be observed at least two and three 
times, respectively (Broquet and Petit 2004; Lonsinger and Waits 
2015; R Core Team 2018). We then calculated the mean propor-
tion of loci from each source-specific consensus genotype that 
deviated from the specimen-level consensus genotype (Fig. 1), 
and interpreted greater departures as indicating lower reliability. 
To further evaluate the relative reliability of each sample source, 
we used the program RELIOTYPE (Miller et al. 2002) to assess 
the reliability of the three best replicates (Fig. 1). RELIOTYPE 
uses a maximum likelihood-based approach that considers allelic 
dropout genotyping errors and population allele frequencies to 
quantify the reliability of a multilocus genotype. For each sample 
source, we then summarized the results by the mean reliability 
across replicates, proportion of replicates that were reliable 
(i.e., reliability ≥ 95%), and the mean predicted number of addi-
tional replicates per locus required to achieve ≥ 95% reliability 
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(for those samples with reliability < 95%). We excluded source-
specific samples for specimens characterized by only a single 
sample source in reliability tests, as their inclusion would have 
artificially increased reliability since the replicate set used to 
define both the specimen-level consensus genotype and source-
specific consensus genotype would be identical.

Results
Museum sampling.—We collected samples from 76 unique 

kit fox specimens originally collected between 1936 and 1970 
from Utah (70), Nevada (2), and Colorado (2; Supplementary 
Data SD1). The location and date of collection were unknown 
for two and five specimens, respectively. Nineteen specimens 
included both a skull and skin, yielding samples from all three 
source materials (cranial bone, nasal bone, and toepad). Only 
a skull was available for 39 specimens, providing cranial and 
nasal bone samples. Only partial skulls were available for three 
specimens; we collected nasal bone samples from two and a 
cranial bone sample from one. The remaining 15 specimens in-
cluded only skins, from which we collected toepad samples. 
The mean mass of nasal bone samples (X̅ ± SD; 0.16 ± 0.08 g) 
was greater than cranial bone samples (0.08 ± 0.04 g). Toepads 
yielded in the lowest mean sample mass (0.07  ± 0.02  g). 
Specimen details are available in Supplementary Data SD1.

DNA extraction, PCR success, and genotyping errors.—
Approximately 0.057 ± 0.01 g of material was used in each ex-
traction. We did not detect any evidence of contamination based 
on extraction negatives and PCR negatives, nor did we detect any 
evidence of cross-contamination among specimens (as might as 
might possibly occur in NHCs due to samples being stored to-
gether). Cross-contamination among specimens would be iden-
tified, had it occurred, through the confirmation of more than 
two alleles per locus across multiple loci. Mean number of repli-
cates performed was comparable among sample sources: cranial 
bones = 3.2 ± 0.6, nasal bones = 4.2 ± 1.3, and toepads = 4.1 ± 
1.1. Overall amplification success rates (number of successful 
amplifications/total number attempted) were highest for toepads 
and lowest for cranial bones (Table 2). Sample-level amplifica-
tion success rates (i.e., proportion of replicates amplifying at ≥ 
50% of the loci) followed a similar pattern and were only slightly 
higher than overall success rates (Table 2). Cranial bones had 
the highest genotyping error rates, while toepads produced the 
fewest errors (Table 2). Overall and among sample sources, allelic 
dropout rates were approximately 5–6 times higher than false al-
lele rates (Table 2). When considering all three sample sources, 
overall amplification success rates ranged from 32.9% to 91.7% 
across loci, whereas allelic dropout and false allele rates ranged 
from 5.9% to 14.6% and 0.5% to 3.7%, respectively (Table 1). 
We achieved specimen-level consensus genotypes at ≥ 7 nDNA 
microsatellite loci for 70 of 76 (92.1%) kit fox specimens; these 
multilocus consensus genotypes were achieved with a mean of 
7.44 ± 2.4 replicates across all source-specific samples.

Mixed-effects logistic regression.—As described in the 
methods, sample weight was not considered in the final models 
due to its collinearity with sample source. Sample age did not 

significantly influence the probabilities of PCR success, false 
alleles, or allelic dropout. Consequently, the final model for 
all three response variables (i.e., PCR success, false alleles, 
or allelic dropout) was the response variable ~ locus length 
+ sample source + (1|Specimen). Detailed analysis consider-
ations are available in Supplementary Data SD2.

Analysis for PCR success led to an estimating model of

π̂ = 1
1+e−1.075 + 0.003867 L − 1.734 INB − 2.959 ITP

,

where π̂ is the probability of PCR success, L is locus length, 
I

NB
 is 1 if the sample source is nasal bone and zero otherwise, 

and I
TP

 is 1 if the sample source is toepad and zero otherwise. 
Sample age was dropped from the final model due to its non-
significance (P = 0.97). The implication of this model estimate 
is that the probability of PCR success decreases as a function 
of increasing locus length, and that sample sources of cranial 
bone, nasal bone, and toepad resulted in progressively higher 
probabilities of PCR success, respectively (Fig. 2A).

The analysis of false alleles led to the estimating model of 

π̂ = 1
1+e2.2583+ 0.01115 L + 0.5092 INB + 1.0366 ITP

,

where π̂ is the probability of a false allele. Sample age was 
dropped from the model due to its non-significance (P = 0.44). 
This equation implies that the probability of a false allele de-
creases as a function of increasing locus length, and sample 
sources of cranial bone, nasal bone, and toepad resulted in pro-
gressively lower probabilities of false allele error, respectively 
(Fig. 2B).

Analysis of allelic dropout resulted in an estimating model of

π̂ = 1
1+e2.5527− 0.003836 L + 1.336 INB+ 1.934 ITP

,
 

where π̂ is the probability of an allelic dropout. Sample age was 
dropped from the model due to its non-significance (P = 0.33). 

Table 2.—Polymerase chain reaction (PCR) amplification success 
rates and genotyping error rates for samples collected from historical 
kit fox (Vulpes macrotis) specimens originally collected between 1936 
and 1970 in the Great Basin Desert of Utah (United States), main-
tained by the Natural History Museum of Utah (UMNH), and sampled 
for DNA in 2013. Overall PCR success was the number of successful 
amplifications/total number attempted (where the total number at-
tempted is the number of replicates performed multiplied by nine 
microsatellite loci), whereas sample-level PCR success was the pro-
portion of replicates amplifying at ≥ 50% of the loci. Allelic dropout 
represented the proportion of replicates in which only one allele in a 
heterozygous genotype amplified. False alleles represented the pro-
portion of replicates in which an allele amplified that was not present 
in the consensus genotype. All proportions are based on all replicates 
from the respective sample sources and across all sampled specimens.

PCR success Genotyping errors

Sample source Overall Sample-level Allelic dropout False alleles

Cranial bones 58.8% 60.4% 14.3% 2.4%
Nasal bones 78.1% 84.3% 8.8% 1.5%
Toepads 94.9% 99.3% 4.1% 0.9%
All samples 75.9% 80.2% 8.8% 1.5%
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The implication of this model estimate is that the probability of 
allelic dropout increases as a function of locus length, and that 
sample sources of cranial bone, nasal bone, and toepad resulted 
in progressively lower probabilities of allelic dropout, respec-
tively (Fig. 2C).

Source-specific sample reliability.—Source-specific consensus 
genotypes resulting from cranial bones deviated the most from 
the specimen-level consensus genotypes (i.e., that were based on 
all available sample sources and expected to best represent the 
true multilocus genotype), whereas toepads produced source-
specific consensus genotypes that were most consistent with the 
specimen-level consensus genotypes (Table 3). Among sample 
sources, toepads were reliable most frequently and had the highest 
mean reliability based on maximum likelihood estimates (Table 
3). Nasal bones were not as reliable as toepads, but were more re-
liable than cranial bones, which were reliable only about one-half 
of the time (Table 3). Consequently, cranial bones were predicted 
to require the greatest number of additional replicates per locus to 
achieve reliable source-specific consensus genotypes (Table 3).

Discussion
Natural history collections maintain millions of specimens that 
can offer insights into evolutionary processes and population 
response to altered ecosystem dynamics (Wandeler et al. 2007). 
As molecular techniques have improved, and costs have de-
clined, the number of conservation genetic studies employing 
museum specimens has increased (Casas-Marce et  al. 2010), 
and this trend is predicted to continue (McDonough et al. 2018). 
With increasing demands on finite resources, researchers and 
managers of NHCs require information on the reliability of 
commonly used sample sources to inform requests and deci-
sions related to destructive sampling of museum specimens. 
Differentiating quality among sample sources can direct de-
structive sampling to the sample source predicted to yield the 
most reliable data, potentially reducing both damage to mu-
seum specimens and laboratory costs (via fewer replicates re-
quired to generate reliable data). We examined the quality of 
genetic data derived from three common sample sources used 
for carnivoran specimens and demonstrated that sample source 
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Fig. 2.—Mixed-effects logistic regression model results for the probabilities of (A) PCR success, (B) false alleles, and (C) allelic dropout as a 
function of locus length in base pairs (bp) for three sample sources—cranial bone (CB), nasal bone (NB), and toepad (TP)—from historical kit 
fox (Vulpes macrotis) specimens originally collected between 1936 and 1970 in the Great Basin Desert of Utah (United States), maintained by the 
Natural History Museum of Utah (UMNH), and sampled for DNA in 2013.

Table 3.—Reliability in multilocus consensus genotypes from cranial bone, nasal bone, and toepad samples from historical kit fox (Vulpes 
macrotis) specimens originally collected between 1936 and 1970 in the Great Basin Desert of Utah (United States), maintained by the Natural 
History Museum of Utah (UMNH), and sampled for DNA in 2013. Proportion (%) of deviations indicates the mean proportion of loci in which 
the source-specific consensus genotype differed from the specimen-level consensus genotypes. Proportion (%) reliable indicates the proportion 
of source-specific samples that achieved ≥ 95% reliability with three replicates, whereas mean reliability indicates the mean reliability across 
source-specific samples. For samples with < 95% reliability, additional replicates (Add reps) indicate the average predicted number of additional 
replicates (over the three considered) per locus required to achieve ≥ 95% reliability.

Sample source % Deviations % Reliable Reliability Add reps

Mean SD Mean SD Mean SD

Cranial bones 53.4% 39.2% 51.7% 66.5% 41.1% 1.6 2.7
Nasal bones 23.6% 31.2% 72.4% 84.7% 30.1% 0.5 1.5
Toepads 13.5% 10.2% 94.7% 97.8% 7.5% 0.02 0.2
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and locus length influenced the quality and reliability of re-
sulting nDNA multilocus genotypes. We used these genetic 
data to demonstrate how deviations between source-specific 
and specimen-level consensus genotypes can be used to iden-
tify the optimal sample source; this provides researchers with a 
technique for making comparisons among samples that can be 
used in future pilot studies to optimize museum specimen sam-
pling. We demonstrated that deviation-based measures of data 
reliability were consistent with measures of reliability based on 
maximum-likelihood. Finally, our study provided a quantita-
tive assessment of how differences in sample-source quality for 
historical specimens translated to variation in laboratory efforts 
(i.e., number of replicates required to generate reliable data), 
and therefore, costs.

Factors influencing DNA degradation.—Soft tissue samples 
(e.g., skin, toepad) and hard tissue samples (e.g., bones, teeth) 
are among the most commonly sampled sources for historical 
carnivoran DNA. Previous research has suggested that hard 
tissue samples from historical or ancient specimens tended to 
produce higher DNA amplification rates and fewer genotyping 
errors than soft tissue samples (e.g., Cooper et al. 1992; Wisely 
et  al. 2004; Nyström et  al. 2006; Casas-Marce et  al. 2010; 
Jansson et  al. 2014; McDonough et  al. 2018). Consequently, 
researchers interested in securing the highest quality DNA may 
be inclined to sample hard tissues, whereas museum curators 
may prefer the less-damaging collection of soft tissue when 
both sample sources are available (Wandeler et  al. 2007). In 
contrast to this previous work and our predictions, we found 
that soft tissue toepads had significantly higher PCR amplifica-
tion success rates and fewer genotyping errors than bone sam-
ples. Similar patterns were observed in historical Eurasian lynx 
specimens, with footpads yielding higher microsatellite ampli-
fication success rates and lower error rates than bones (Polanc 
et  al. 2012). Variation in the relative performance of sample 
sources among studies may relate to differences in preparation 
and preservation of historical specimens, but these details are 
rarely documented or reported for comparison among studies.

The DNA within historical specimens is likely degraded and, 
therefore, microsatellite loci with shorter PCR amplicons are 
expected to perform better (i.e., have greater PCR success rates 
and lower genotyping error rates) than longer loci (Wandeler 
et al. 2003; Buchan et al. 2005). Previous researchers have re-
commended using microsatellite loci with allele lengths smaller 
than approximately 250 bp when working with historical DNA 
(Nielsen et  al. 1999). Our loci conformed to this recommen-
dation, and we had relatively high PCR success rates (> 75%) 
across eight of the nine nDNA loci. Within the range of locus 
lengths analyzed, we still found higher success rates for shorter 
loci and higher allelic dropout rates for longer loci, as expected. 
Within a locus, a wide range of allele sizes could also result in 
higher rates of allelic dropout for longer alleles than shorter 
alleles (i.e., “large allele dropout”—Nielsen et  al. 1999), al-
though we did not detect this pattern with our data.

In contrast to our initial prediction, false allele rates appeared 
to decrease with increasing locus length. Closer examination 
of locus-specific false allele rates suggest that this pattern may 

have been driven by two loci (i.e., CXX103 and CX250) that 
were among the three shortest loci, and had relatively high 
false allele rates. Some loci can perform poorly (i.e., have high 
failure rates and error rates) even if their allele lengths are short. 
For example, CXX250 was among the shortest loci used in this 
study but had markedly lower PCR success relative to other 
loci, the highest allelic dropout rate, and the second highest 
rate of false alleles. This locus performed poorly in an earlier 
study of historical arctic fox specimens (Nyström et al. 2006) 
and was removed from analyses of effective population size 
for kit foxes due to poor performance (Lonsinger et al. 2018a). 
In contrast, CXX103 was the locus with the highest PCR suc-
cess rate and lowest rate of allelic dropout, but the highest rate 
of false alleles. One potential cause of a false allele is an un-
ambiguous peak resulting from spectral overlap with another 
marker in the multiplex. In our multiplex, the sizes of CXX103 
and CXX250 overlapped with that of the VV-sry (75 bp) and 
CF-hprt (148 bp) sex identification markers (Berry et al. 2007), 
respectively, and spectral overlap may have generated a higher 
frequency of false alleles than would be typically expected for 
these shorter loci. Although CXX103 and CXX250 are dinu-
cleotide repeat motifs, which may be more prone to slippage 
than tetranucleotides (Broquet et al. 2007), we did not see high 
false allele rates in the other dinucleotide loci (i.e., CPH3 and 
CXX377). These patterns suggest researchers may be able to 
improve the quality of genetic data from historical samples by 
selecting shorter loci (perhaps with narrower ranges of allele 
lengths), as noted by others (e.g., Nielsen et al. 1999; Wandeler 
et al. 2003), but that loci performance should be evaluated to 
identify and cull out those that may be error prone or have low 
amplification success rates.

DNA is expected to degrade over time, and both genetic 
(Wandeler et al. 2003; Casas-Marce et al. 2010) and genomic 
(McDonough et  al. 2018) studies of historical DNA have re-
ported decreasing DNA quality with increasing sample age. 
Studies of DNA degradation using microsatellite loci to eval-
uate noninvasive genetic samples (e.g., fecal DNA) have com-
monly reported nonlinear patterns of degradation, with PCR 
success rates declining precipitously at first and the rate of de-
cline slowing over time (DeMay et al. 2013; Lonsinger et al. 
2015; Woodruff et al. 2015). If historical DNA degradation fol-
lows similar nonlinear patterns, the effect of sample age may be 
more significant when sampling over longer historical periods, 
or when comparing historical samples to contemporary sam-
ples. For example, Nielsen et  al. (1999) reported that some 
microsatellite loci used to analyze historical salmonid scales 
had markedly reduced amplification success when they were 
more than 10 years old. Wandeler et al. (2003) reported increas-
ingly nonlinear patterns of degradation with increasing locus 
length for four microsatellite loci used to analyze historical red 
fox teeth samples, with the most precipitous declines in ampli-
fication success occurring over the first ~ 25 years of storage. 
At the time of extraction, our samples spanned 35 years and 
ranged from 43 to 77 years old, yet we did not detect an ef-
fect of sample age on amplification success or genotyping error 
rates. Thus, we suggest that if the rate of DNA degradation for 
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our specimens was nonlinear, the most precipitous rate of DNA 
degradation may have occurred prior to 43 years (the age our 
youngest specimen), and consequently the time span covered 
by our samples may not have been sufficiently long to detect an 
effect of age. In contrast, McDonough et al. (2018) did find an 
effect of age on nDNA of historical samples (i.e., bones, claws, 
osteocrusts, and skin) using a next-generation sequencing ap-
proach, and this could relate to potentially greater resolution 
offered by sequence data, or because they sampled specimens 
that covered a period approximately twice as long (1898–1968) 
as our range. Casas-Marce et  al. (2010) and Wandeler et  al. 
(2003) also detected an effect of age on nDNA microsatellite 
loci for historical samples that spanned 53 years (1954–2006) 
and 32 years (1969–2000), respectively, but these studies both 
compared historical samples to more contemporary samples 
that were less than 10 years old. Although degradation of his-
torical DNA is likely variable, further research is needed to 
characterize broadly how DNA degradation rates within mu-
seum specimens and among sample sources vary over time.

Sample weight may also influence amplification success and 
genotyping errors. Sample weight significantly influenced am-
plification success of historical red fox teeth samples (Wandeler 
et al. 2003). Similarly, sample weight significantly influenced 
nDNA microsatellite locus amplification success for historical 
Iberian lynx (L. pardinus) sampled via hard (e.g., claw, nasal 
bones, and teeth) and soft (e.g., skin, toepads) tissues (Casas-
Marce et al. 2010). In both of these studies, increasing sample 
weight resulted in increased probability of PCR amplification 
success. We attempted to standardize sample weights used for 
extraction, but there was still variation in weight both within 
and among sample sources. Among the sample sources we 
evaluated, the toepads had the lowest mean sample weight but 
still produced the highest amplification success rates, lowest 
genotyping error rates, and highest reliability. Thus, despite 
the lower sample weights, toepads outperformed both bone 
sample sources. Between the bone sample sources, nasal bones 
had higher mean sample weights than cranial bones and this 
may have led to the higher amplification success rates, lower 
genotyping error rates, and higher reliability attributed to nasal 
bones over cranial bones. Still, this suggests that achieving re-
liable results may be more challenging with cranial bones than 
nasal bones for some species, as the sampling of kit fox cranial 
bones (i.e., the tentorium and internal occipital protuberance) 
consumed all of the available material, whereas the sampling 
of nasal bones (i.e., maxilloturbinates) only consumed a por-
tion of the available material. Due to patterns of collinearity 
between sample weights and sample sources, sample weight 
was excluded from consideration in our final models, and 
we were unable to formally evaluate the influence of sample 
weight. Sample weight may be confounded to some degree by 
differences in cell densities among different tissue types (e.g., 
hard versus soft tissues) or by variation in cell density among 
species or individuals, but we were unable to assess this with 
our study design.

The quality and reliability of genetic data from historical 
specimens is likely influenced by specimen preparation and 

preservation techniques (Wandeler et al. 2007). Preparation of 
soft tissue, such as tanning, arsenic or salting preservation, and 
the use of formalin, can result in DNA degradation and inhibi-
tion that reduces the quality of resulting DNA data (Hedmark 
and Ellegren 2005; Casas-Marce et  al. 2010; Polanc et  al. 
2012). Preparation of hard tissue (e.g., bleaching and boiling) 
may also degrade DNA (Wandeler et  al. 2003; McDonough 
et al. 2018). Still, hard tissue is believed to provide better pro-
tection of DNA and potentially minimize degradation of DNA 
from preparation techniques (Cooper et al. 1992; Greenwood 
et al. 1999). As is common with historical samples, the prepa-
ration and preservation histories of our samples were unknown, 
and we were therefore unable to evaluate the influence of spec-
imen preservation on DNA quality and reliability. More than 
one-half of our samples were collected by a single researcher 
(H. Egoscue; Supplementary Data SD1), and there was not a 
discernible pattern between amplification success rates and 
researchers that might imply different preparation methods 
among researchers impacted the results.

Influence of DNA degradation on data reliability and cost.—
Previous studies have investigated amplification success rates 
and, to a lesser extent, genotyping error rates of various sample 
sources for historical specimens, but have not evaluated the re-
liability of the resulting genetic data and formally quantified 
its implications for laboratory effort (and therefore, costs). 
Detection of a genotyping error (i.e., allelic dropout or false al-
lele) is conditional upon a successful PCR amplification. Thus, 
despite the common use of amplification success as a metric for 
DNA quality (e.g., Wisely et al. 2004; Casas-Marce et al. 2010; 
Polanc et  al. 2012), genotyping error rates may be a better 
measure of DNA quality when error rates vary among samples 
sources. Our results indicate that some sample sources are more 
prone than others to genotyping errors. As the probability of 
genotyping errors increases, additional PCR replicates are re-
quired to reconcile genotypic differences observed among rep-
licates, increasing laboratory costs for generating reliable data.

Our results indicate that allelic dropout occurs more fre-
quently than false alleles, similar to the findings of others (e.g., 
Miller et al. 2003; Wandeler et al. 2007). Allelic dropout results 
from low quantities of DNA, whereas false alleles tend to be 
artifacts of polymerase slippage during PCR (Broquet and Petit 
2004). Genotyping errors are expected to have low reproduc-
ibility (Waits and Paetkau 2005), but the relative frequencies 
of allelic dropouts and false alleles, combined with the pro-
cesses generating genotyping errors, make allelic dropout more 
likely to be reproduced than false alleles in multiple replicates 
of a sample. Thus, it is more likely to incorrectly characterize 
a heterozygous genotype as homozygous than vice versa, and 
this could artificially result in underestimation of genetic diver-
sity from historical specimens with low-quality DNA (Taberlet 
et al. 1999; Wandeler et al. 2007). For example, Nyström et al. 
(2006) could not rule out allelic dropout in a microsatellite 
locus as the cause of heterozygote deficiency in a study of 
arctic foxes based on historical teeth, bone, and skin samples.

We used two different approaches to evaluate reliability of 
genotypic data by sample source, and both methods resulted 
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in similar conclusions. Data reliability was strongly influ-
enced by sample source, with the mean reliability of cranial 
bones (66.5%) and nasal bones (84.7%) being well below crit-
ical thresholds (e.g., 95–99% reliability) often used to cull 
low-quality samples. On average, source-specific consensus 
genotypes from cranial bones and nasal bones deviated from 
the specimen-level consensus genotypes at more than one-half 
and nearly a quarter of loci, respectively. In contrast, mean re-
liability of toepads was > 95% and source-specific consensus 
genotypes deviated from specimen-level consensus genotypes 
at only a single locus on average. Consequently, for our histor-
ical specimens, reliance on cranial bones or nasal bones alone 
would be expected to produce data with lower reliability (and 
potentially artificially suppressed heterozygosity) relative to 
data generated from only toepads.

Degraded genetic samples can influence laboratory efforts 
(and costs) at various stages. It has become common practice 
to screen degraded samples (e.g., noninvasive genetic sam-
ples [Lonsinger et  al. 2018b] and historical genetic samples 
[Polanc et al. 2012]) and exclude samples failing at > 50% of 
loci (Paetkau 2003). Therefore, consideration of DNA quality 
and reliability among sample sources can direct researchers 
to sample sources most likely to produce high amplification 
success rates, reducing the proportion of samples that are ex-
cluded following repeated amplification attempts. For de-
graded genetic samples that successfully amplify at ≥ 50% of 
loci, researchers commonly then use a multi-tubes approach 
that compares multiple PCR amplifications (i.e., replicates) to 
resolve differences among replicates and establish consensus 
genotypes (Taberlet et al. 1996). For our historical specimens, 
our data suggested that significant differences in probability of 
PCR success among sample sources would result in higher lab-
oratory costs for screening cranial bones than nasal bones. Still, 
when considering the mean number of replicates performed 
and additional replicates required to achieve reliable data, our 
data suggested that despite significant differences in probability 
of genotyping errors, the total number of replicates (approxi-
mately six), and therefore costs, required to generate reliable 
data were similar for those cranial and nasal bones that were re-
tained following screening. Toepads had the highest PCR suc-
cess rates and achieved acceptable levels of reliability (≥95%) 
with two fewer replicates (approximately four) on average than 
bone samples. For our historical specimens, then, toepad sam-
ples would have the lowest laboratory costs and result in the 
least amount of unnecessary destructive sampling (i.e., fewer 
samples collected via destructive sampling would fail to pro-
duce reliable data).

Implications for future studies.—This study demonstrates 
how genetic data obtained from historical mammalian speci-
mens varied based on the source of the sample, and presents 
methods for evaluating data reliability and laboratory costs 
that can be applied to future studies using historical specimens. 
Although our results are based on a single species and set of 
samples, the findings inform studies of mammalian species 
in which multiple potential sample sources are available. We 

concur with Wandeler et al. (2007) that pilot studies are inval-
uable for investigations using historical specimens. This study 
highlights the importance of considering sample source and 
demonstrates how a pilot study can 1) differentiate among data 
reliability by sample source, 2) identify loci that are expected 
to have high performance or be problematic, 3) decrease labo-
ratory costs, and 4) minimize destructive sampling.

Our results contrast with many earlier studies that found hard 
tissue sample sources produced higher quality genetic (micro-
satellite) data (e.g., Cooper et al. 1992; Nyström et al. 2006; 
Casas-Marce et  al. 2010). Collection of hard tissue samples 
can be more destructive than sampling soft tissues (Wandeler 
et al. 2007), and it would therefore be prudent for future studies 
relying on museum specimens to evaluate the sample source 
quality for a subset of specimens prior to sampling many (or 
all) specimens. When working with historical specimens, re-
searchers may have little control over the original environ-
mental conditions in which a specimen was collected, the 
storage conditions prior to museum preparation, or the condi-
tions in which the specimen was preserved, all of which may 
influence heterogeneity in DNA degradation. The specimens 
we analyzed were collected in a cold-desert environment (i.e., 
the Great Basin Desert, which experiences hot and dry sum-
mers and cold winters), and these conditions may have min-
imized DNA degradation of the soft tissues relative to other 
studies using specimens from more humid regions.

A common application of genetic data from historical 
mammalian specimens is to evaluate population changes 
(e.g., genetic diversity, effective population size, gene flow) 
by comparing data from historical and contemporary sam-
ples (Wandeler et al. 2007; Holbrook et al. 2012; Jordan et al. 
2012; Polanc et  al. 2012; Lonsinger et  al. 2018a). Thus, the 
use of historical sample sources producing genetic data of low 
quality and reliability could artificially decrease historical ge-
netic diversity and lead to erroneous conclusions about popu-
lation change (Taberlet et al. 1999). Finally, directing sampling 
of historical specimens to the sample source most likely to 
produce reliable results reduces unnecessary destructive sam-
pling and contributes to traditional goals of NHCs of long-
term care and maintenance of specimens (Wisely et al. 2004), 
while facilitating genetic research and retrospective analyses 
essential for understanding and improving the conservation of 
contemporary populations (e.g., Miller and Waits 2003) and bi-
odiversity (Shaffer et al. 1998).
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